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ABSTRACT: Many enzymes operate through half-of-the sites
reactivity wherein a single protomer is catalytically engaged at
one time. In the case of the homodimeric enzyme, fluoroacetate
dehalogenase, substrate binding triggers closing of a regulatory
cap domain in the empty protomer, preventing substrate access
to the remaining active site. However, the empty protomer serves
a critical role by acquiring more disorder upon substrate binding,
thereby entropically favoring the forward reaction. Empty
protomer dynamics are also allosterically coupled to the bound
protomer, driving conformational exchange at the active site and
progress along the reaction coordinate. Here, we show that at
high concentrations, a second substrate binds along the
substrate-access channel of the occupied protomer, thereby
dampening interprotomer dynamics and inhibiting catalysis. While a mutation (K152I) abrogates second site binding and
removes inhibitory effects, it also precipitously lowers the maximum catalytic rate, implying a role for the allosteric pocket at low
substrate concentrations, where only a single substrate engages the enzyme at one time. We show that this outer pocket first
desolvates the substrate, whereupon it is deposited in the active site. Substrate binding to the active site then triggers the empty
outer pocket to serve as an interprotomer allosteric conduit, enabling enhanced dynamics and sampling of activation states
needed for catalysis. These allosteric networks and the ensuing changes resulting from second substrate binding are delineated
using rigidity-based allosteric transmission theory and validated by nuclear magnetic resonance and functional studies. The
results illustrate the role of dynamics along allosteric networks in facilitating function.

■ INTRODUCTION

Many enzymes have evolved to attain remarkable catalytic
efficiency and specificity.1 While their structure provides the
appropriate environment for substrate recognition and
specificity, dynamics also play a key role in the process. For
example, enzyme flexibility facilitates sampling of conformers
which serve to capture and position substrate(s) in the active
site, undergo the requisite chemical steps, and release
product(s).2−6 Enzyme activities are tightly regulated in
many cellular processes, often through binding of inhibitors
at either allosteric or catalytic sites. In upward of 20% of
enzymes, the substrate itself may serve as an inhibitor, begging

the question of how an enzyme which has evolved to be
maximally efficient for a given substrate can at the same time
be inhibited when substrate is in excess.7 There are many
situations in living systems where substrate inhibition is a
functional necessity. A well-known example involves acetyl-
cholinesterase, which is inhibited in the early phase of signaling
where high transient concentrations of acetylcholine are meant
to engage receptors in the postsynaptic membrane. As free
acetylcholine concentrations drop, acetylcholinesterase must
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efficiently catalyze the compound’s rapid degradation to
terminate nerve impulse transmission.7,8 In the current study,
we present results regarding the phenomenon of substrate
inhibition and the allosteric mechanisms at play for a
homodimeric enzyme, fluoroacetate dehalogenase (FAcD)
from Rhodopseudomonas palustris.
As the majority of enzymes are oligomeric, one might

anticipate that the most common form of substrate inhibition
might involve binding of additional substrate(s) to unoccupied
protomers resulting in inactivation or attenuation of catalysis
through allosteric inhibition of the overall oligomer.7,9−11

Alternatively, within a given subunit, we can envisage a second
substrate binding site along the access path to the active site. In
this case, binding by a second substrate would be expected to
slow access of substrate to (and egress of product from) the
active site.8 A third possibility would be that the substrate
binds to an entirely different site, not associated with either the
active sites or the access path, resulting in allosteric inhibition.
Recent spectroscopic and crystallographic studies of FAcD

reveal that it undergoes catalysis through half-of-the-sites
reactivity,12−16 where empty protomer dynamics and interpro-
tomer allostery initiated by substrate binding greatly influence
catalysis.17 Upon binding a single substrate, access of substrate
to the active site in the empty protomer is strictly prevented by
a dynamic regulatory cap domain, discussed below. Second site
substrate binding nevertheless occurs, albeit in an allosteric
pocket along the substrate access channel associated with the
occupied protomer. However, since the catalytic rate is much
slower than the off-rate for the second substrate, product
egress is not significantly attenuated. Rather, the allosteric
pocket is shown here to be a hub for interprotomer allosteric
transmission. Thus, simultaneous binding by substrates to both
the active site and the allosteric pocket restrict both allosteric
transmission and dynamics of the enzyme resulting in a loss in
catalytic efficiency. In contrast, at low substrate concentrations,
this same allosteric pocket enhances catalytic efficiency. This is
achieved through a process in which the substrate is first
desolvated and then deposited into the active site, triggering a

Figure 1. Multiple binding sites of substrate molecules in the slow Y219F mutant.(A) A cross-section through one protomer of FAcD displaying
the substrate access channel from the protein surface to the active site. Under high concentrations of substrate, a second substrate binding site is
revealed in the access channel of the bound protomer, where the side chain of I253 from the cap domain, is displaced by binding of FAc. (B)
LigPlots59 of the two substrate molecules showing the contacts between ligands and protein for each of the binding sites. Two hydrogen bonds link
the carboxylic oxygens of FAc to the side chains of Y141 and K152 in the second pocket. In contrast, there are five binding interactions between
FAc and other residues in the active site. (C and D) 2Fo-Fc electron density map contoured at 1σ around the end of the substrate access channel of
FAcD. (C) In the empty protomer, only water molecules and a chloride ion can be seen while the other protomer (D) holds the two substrate
molecules at adjacent locations.
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Figure 2. The regulatory cap domain exhibits fluctuations correlated with binding of substrates in the active site. (A) X-ray crystal structure of
FAcD, bound to one FAc substrate, contrasting the distinct orientations of the cap domain in the substrate-bound and free protomers. (B) X-ray
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dynamic response conducted through this allosteric hub,
enabling sampling of activation states needed for catalysis. The
mechanisms associated with this exquisite regulation and the
role of the second pocket in interprotomer allostery are
discussed below.
FAcD catalyzes the hydrolysis of carbon halogen bonds,

specifically the C−F bond, generating glycolate, a halide ion,
and a proton as products. In previous studies, we determined
the crystal structures of key catalytic intermediates, some of
them stabilized by mutations of residues involved in
catalysis.17,18 In particular, the Michaelis−Menten complex
structure determined by cocrystallizing the D110N mutant of
FAcD with substrate showed substrate bound at only one of
the dimer’s active sites.17 To enable time-dependent crystallo-
graphic experiments, we have made use of a mutant (Y219F)
whose unusually low catalytic rate (kcat = 0.035 min−1) allows
us to extend substrate soaking times in protein crystals from
minutes to hours. This makes it possible to capture successive
functional poses such as the Michaelis−Menten complex and a
product-bound state as a crude function of time, using freeze
trapping X-ray crystallography. While the catalytic mechanism
is similar in both wild type (WT) FAcD and Y219F, the
absence of the hydroxyl group in the mutant likely
compromises electrostatic stabilization of the leaving halide,
thereby slowing catalysis. While the D110N mutant allows us
to trap the Michaelis−Menten complex effectively, the H280N
mutant largely prevents a subsequent hydrolysis step, thereby
trapping the covalent intermediate. At high substrate
concentrations, it is possible with H280N to first saturate the
active site with a covalent intermediate and subsequently
observe binding of substrate exclusively to the allosteric pocket.
Thus, by performing substrate binding studies with D110N
and H280N (upon saturation of the active site with a covalent
intermediate), we are able to identify dissociation constants
and interaction kinetics to both the active site and the allosteric
pocket.
X-ray crystallography showed the substrate in the allosteric

pocket is directly coordinated by Lys 152 and Tyr 141, within
the substrate binding channel (Figure 1A). The mutation,
K152I, abrogates second site binding and substrate inhibition,
as will be shown. Surprisingly, K152I also results in a
precipitous drop in the catalytic rate even at low substrate
concentrations. This suggests that the allosteric binding pocket
is not simply the origin of substrate inhibition but may also
play a role in supporting catalysis. In this paper, we seek to
understand how the allosteric pocket serves to enhance
catalysis at low substrate concentrations, why the homodimer
acts exclusively through half-of-the-sites reactivity, and more
broadly, how allosteric networks operate between protomers in
the dimer. Given that this thermophilic enzyme possesses 9
distinct tryptophan residues within the hydrophobic interior of

each protomer, 19F NMR of fluorotryptophan-enriched FAcD
provides a convenient readout of local mobility, additional
excited states, and allosteric interprotomer dynamics. Togeth-
er, crystallography, 19F NMR, and (15N,1H) NMR experiments
of WT FAcD, D110N (Michaelis−Menten intermediate),
Y219F (slow mutant), H280N (covalent intermediate), and
K152I (deletion of allosteric pocket) provide new insights into
allosteric processes, mechanisms of substrate inhibition, and
the role of the allosteric pocket in enhancing catalysis under
nonsaturating substrate concentrations.

■ RESULTS

Crystallography Reveals Two Substrate Molecules in
One Protomer under Excess Substrate. To monitor
progression of binding events associated with substrate
inhibition, we made use of freeze-trapping X-ray crystallog-
raphy.19 Using a catalytically slow mutant (Y219F), it became
possible to capture substrate-bound states and the subsequent
generation of product in the active site, after soaking the
crystals in 200 mM substrate from 30 min up to 24 h, followed
by flash-freezing. Beginning with substrate-free Y219F, a
progression of states can be captured from the active site
binding two waters and a halide ion to binding of FAc
substrate and formation of a putative glycolate product
complex (Figure S1). Interestingly, using higher substrate
concentrations in the soaking buffer we observed an
intermediate complex containing two substrate molecules in
one protomer, while the other protomer remained empty,
consistent with half-of-the-sites reactivity.17 As shown in Figure
1A,D, one of the two substrates adopts a position and
orientation that closely overlaps with that in the Michaelis−
Menten complex, while the second substrate molecule is 6 Å
away, adjacent to the dimer interface and the cap domain,
along the channel connecting the active site with the protein
exterior. In contrast, the empty protomer reveals only water
and a halide ion (Figure 1C). As shown in Figure 1B, the FAc
substrate in the active site is hydrogen bonded to R111, R114,
and W156 while the second substrate coordinates to the side
chains of K152 (F−N: 2.9 Å) and Y141. As discussed below,
K152 and Y141 are situated in a region determined to be
important to allosteric communication and are both close to
the backbone of a cap domain residue G252 (F−O: 3.2 Å).

Half-of-the-Sites Reactivity Is Reinforced by a
Dynamic Regulatory Cap Domain. The FAcD dimer
possesses a regulatory cap domain consisting of residues
Ala250 to Thr259. In the substrate-free ground state the cap
domains of both protomers are highly dynamic and continuous
electron density is essentially missing from this regulatory
region. As highlighted in Figure 2A, the cap domain appears to
adopt a slightly open configuration at the entrance to the
substrate binding pocket, whereas it is more closed in the

Figure 2. continued

crystal structure of FAcD, in which two substrates are observed to bind to one protomer. In this case, the regulatory cap of the empty protomer can
be seen to adopt a more pronounced “closed” state, implying an allosteric response, mediated by second substrate binding. (C) MD trajectory
snapshot of FAcD in which two substrates remain bound to one protomer and alternate conformations of the regulatory cap domains can be
observed. (D) Root-mean-square fluctuations for different substrate occupancy states of the monomer. This analysis reveals that the amino acids
forming the cap domain undergo significant fluctuations in an occupancy-state-dependent manner (0 < 1 < 2 FAc). (E) Root mean square
deviation of the cap domain Cα atoms with respect to the crystallographic structure of the substrate-bound and empty protomer depicted in panel
B. Reduction of cap domain excursions from the empty protomer reference state occurs in an occupancy dependent manner. The cap domain of the
substrate-bound protomers can adopt diverse conformational states with high deviation from the reference structure, whereas the substrate-free
protomer adopts a single conformation close to the crystallographic structure.
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empty protomer. Previous studies revealed that binding of
substrate to one of the protomers triggers dynamics and loss of
a number of tightly bound water molecules in the remaining
empty protomer.17 Thus, closure of the regulatory cap in the
empty protomer prevents binding of a second substrate to this
protomer, thereby ensuring the configurational entropy of the
enzyme is maximally increased at a point on the reaction
pathway where dynamics are needed to access subsequent
functional states. At higher substrate concentrations, when a
second substrate binds to an allosteric pocket in the substrate-
bound protomer, the crystal structure reveals an even greater
degree of change in conformation between the cap domains of
the empty and occupied protomers (Figure 2B). In this case,
the cap region is entirely open in the bound protomer and
closes down even more in the empty protomer. Multiple
molecular dynamics (MD) simulation repeats with an
aggregate simulation time of 35 μs support FAc binding
dependent effects on cap domain dynamics. In simulations
initiated from a two-substrate/free-substrate state, cap domain
dynamic fluctuations appear to become more restricted and
centered around a closed configuration in the substrate-free
protomer, while the cap domain of the substrate-bound
protomer exhibits a wider amplitude of motions (Figure 2C).
Substrate occupancy correlates with an increase in cap domain
dynamics as measured by the root-mean-square fluctuations
per residue (highlighted region in Figure 2D). Analysis of the
distribution of cap domain conformational states sampled in
the simulations reveals that substrate occupancy promotes
specific conformational states of the cap domain (Figure 2E).
Binding of two substrate molecules to a protomer leads to the
greatest conformational heterogeneity in the cap domain,
although in our simulations this state only accounted for 2 ±
1% of the data sampled. This state supports cap domain
conformational states in which transient hydrogen bonds can
be made with bulk substrate atoms (left protomer, Figure 2C),
although the statistical significance of these interactions cannot
be quantified from our data. In contrast, in the substrate-free
protomer, the dynamics of the cap domain is essentially limited
to small-amplitude fluctuations in a narrow, highly populated
basin with a structure similar to the crystallographic state.
Occupancy dependent changes to the conformational
ensemble of the cap domain are visualized across multiple
simulation repeats (Figure S10). The dynamics of the
substrate-free cap domain may be systematically biased by
the presence of the substrate-bound state in the adjacent
protomer. Analysis of cap domain dynamics suggests a
structural basis for the preservation of half-of-the-sites
reactivity based on the modulation of cap domain fluctuations
and conformational states through substrate occupancy, with
causal implications for protomer allostery and substrate
inhibition. This has obvious consequences with regard to
interprotomer allostery, dynamic excursions of the dimer, and
substrate inhibition.
High Substrate Concentrations Inhibit Catalysis.

Using 19F or 1H NMR, it is possible to measure “real time”
concentrations of substrate (FAc or ClAc, respectively) and
product (F−) in the FAcD-catalyzed reaction, as shown in
Figure 3. WT-FAcD is clearly inhibited at higher substrate
concentrations (for both FAc and ClAc substrates). Note that
FAcD, which is optimized for fluoroacetate, hydrolyzes FAc
∼10 times faster than ClAc, despite the fact that the C−F bond
dissociation energy is considerably higher.18 Crystallography
suggests that inhibition is achieved through binding by a

second substrate to an allosteric pocket of the substrate-bound
protomer. As a control, we employed a mutant (K152I) in
which a key stabilizing hydrogen bond between the epsilon
amino group of the lysine side chain and the second substrate
is removed. 15N,1H NMR spectra of K152I (Figure S2) overlap
well with those of WT-FAcD, suggesting that this mutation
does not significantly alter the tertiary structure or fold
stability. As shown in Figure 3, the reaction rate profile of
K152I FAcD now appears to follow perfect Michaelis−Menten
kinetics, reaching maximal reaction rates under conditions of
highest substrate concentrations (Table 1). However, this
mutation also results in a loss in the rate of catalysis by over an
order of magnitude. This suggests that at lower concentrations,
where only one substrate is present, K152 must play a key role
as a positive allosteric modulator.
FAcD binds substrate weakly and the correspondingly high

off rate may be a contributing factor to low catalytic efficiency.
An overall dissociation constant of the FAc substrate to the
Michaelis−Menten intermediate was obtained through a 19F
NMR binding isotherm of FAc in the presence of the D110N
mutant. The substrate affinity in the absence of the allosteric
pocket (i.e., D110N/K152I) was then similarly measured.
Finally, the affinity of the substrate to the allosteric pocket
alone was obtained using the H280N mutant containing
glycolate (covalently linked by an ester bond to the side chain
of D110) in the active site. 19F NMR line width analysis as a
function of FAc concentration thus provides an estimate for
ligand binding to the active site with kd1 = 0.90 ± 0.17 mM
(D110N) and kd1 = 0.93 ± 0.11 mM for the K152I mutant,
suggesting no loss of binding affinity for K152I (Table 2,
Figure S3). The H280N mutant was also separately saturated
with chloroacetate until the covalent intermediate was fully
established. After dialysis of excess chloride and substrate, 19F
NMR spectra were recorded as a function of FAc substrate

Figure 3. Enzyme kinetics of FAcD reveal substrate inhibition. Plots
of initial rates as a function of substrate concentration reveal classic
substrate inhibition for WT-FAcD in the presence of either FAc or
ClAc substrates (shown in black and red-dashed, respectively). The
mutation (K152I) results in the loss of the allosteric substrate binding
pocket and thus, Michaelis−Menten kinetics as shown by the data
indicated in red-solid above. Note that the reaction rate data
associated with WT-FAcD, in the presence of FAc substrate, is
presented using the y-axis scale on the left, while that for WT-FAcD
with ClAc substrate or K152I with FAc substrate is graphed using the
scale on the right. All data were fitted using eq 1 described in the
Discussion section.
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concentration to determine the dissociation constant to the
allosteric pocket, kd2, which was estimated to be 2.2 ± 0.83
mM (Figure S3). Assuming the on rate of the second pocket is
simply diffusion limited, and accounting for second-substrate
affinity, the substrate off rate is expected to be on the order of
105 s−1. Given that the catalytic rate is measured as 64.2 ± 6.6
min−1, the off-rate of the second substrate is clearly not rate-
limiting with regard to egress of product from the active site.
Affinity of Glycolate (Product) to the Secondary

Binding Site Is Low. Crystal structures with soaking times
over 24 h show the glycolate product in a new orientation,
rotated by 68° and flipped. The carboxylic oxygens are still
coordinated to the two arginine residues, R111 and R114, but
the hydroxyl group now interacts with the halide-binding
pocket instead of R114 (Figure S4). This lower energy binding
orientation of glycolate in the Y219F mutant, not seen in the
native protein, might well be a consequence of the loss of the
tyrosine hydroxyl, leading to an altered shape and electrostatic
profile of the active site. Structures determined from crystals
soaked for longer than 24 h revealed only the glycolate product
with no FAc species occupying the allosteric pocket. It may be
that the configuration of the catalytic pocket allosterically
destabilizes binding of the second substrate molecule. The lack
of secondary binding in the outer pocket also suggests that the
affinity of glycolate for this binding site is insufficient to lead to
stable complex formation.

19F NMR Shows Reduced Exchange Dynamics When
Two Substrates Are Bound. We previously noted that the
substrate-free enzyme undergoes millisecond time scale
conformational exchange between protomers and that the
frequency associated with this exchange process is in fact
increased upon addition of ClAc substrate.17 Moreover,
binding of IAc, where kcat is known to be slower, also results
in an increase in dynamics, although to a lesser extent,
suggesting that such exchange processes may facilitate
sampling of key functional states required for catalysis and

that the rate of such sampling may dictate the catalytic rate.
Dynamics may also occur on a more localized and faster time
scale. Under ideal circumstances, hints of such dynamics arise
from B-factors associated with high-resolution crystal struc-
tures where regions of the empty protomer exhibit higher B-
factors.17 Binding of the second substrate to the Y219F mutant
appears to restrict conformational heterogeneity of the
enzyme, based on the distribution of B-factors and on electron
density in regions of the protein that are observed to be
dynamic in the D110N Michaelis−Menten complex. In
particular, the electron density representing the cap domain
is much better defined in the Y219F mutant structures (Figure
2B).

19F NMR spectroscopy of 5-fluorotryptophan enriched
FAcD was used to characterize the response to second-site
substrate binding and inhibition with regard to the conforma-
tional ensemble and exchange dynamics. We note that in an
earlier study, 5-fluorotryptophan enriched FAcD was crystal-
lized, confirming an identical structure to that of unlabeled
enzyme (root-mean-square deviation of 0.14 Å).17 The spectra
in Figure 4 and Figure S5 show the results of titration of
substrates (ClAc and IAc), substrate analogue (BrAc), and
product (glycolate) on 19F NMR spectra of WT-FAcD. Note
that for either substrate, chemical shifts and line widths
associated with W156, W185, W264, and W267 shift in one
direction and then reverse their trend at a concentration
corresponding to where we expect to observe binding of a
second substrate (Figure S6). A similar trend is seen for W185
near the active site (Figure S5). In contrast, titrations of the
substrate analogue, BrAc, and product simply give rise to a
monotonic trend in both chemical shift and line width,
consistent with single site binding which shifts the conforma-
tional equilibrium in the enzyme.
The biphasic nature of chemical shift response to substrate

binding is also observed in 15N,1H NMR spectra at equivalent
substrate concentrations where second site binding is
anticipated (Figure S7). Most of the residues that exhibit
such biphasic behavior are located at the dimer interface region
(Figure S7), which is in close proximity to the secondary
binding site and has been previously identified as key to
interprotomer allosteric communication.17 A number of
residues that are distal to the second binding site also give
rise to the same biphasic behavior as shown in Figure S7A.
This is also likely a consequence of long-range allosteric
response to second site binding. Finally, we note that in the
case of two bound substrates, specific regions in each of the
protomers of the Y219F dimer crystal structure are sufficiently
distinct that their corresponding amide chemical shifts are
predicted (by SPARTA+) to be resolved (Figure S8). While
protomer-specific resonances are not observed in either 19F
NMR or 15N,1H-HSQC (heteronuclear single quantum
coherence) spectra due to fast interprotomer conformational

Table 1. Steady-State Kinetics of FAcDa

WT-FAcD + FAc WT-FAcD + ClAc K152I-FAcD + FAc

Vmax (mM/s) 8.25 ± 0.81 × 10−2 8.04 ± 0.81 × 10−3 5.81 ± 0.16 × 10−3

Km (mM) 86.8 ± 13.7 25.6 ± 5.6 18.8 ± 2.7
Ki (mM) 363 ± 70 727 ± 260 −
kcat (s

−1) 1.07 ± 0.11 0.106 ± 0.011 0.077 ± 0.002
kcat/Km (s−1 M−1) 12.3 ± 2.3 4.13 ± 1.00 4.12 ± 0.90

aThe parameters were determined by fitting the data in Figure 3 with eq 1. Note that the condition used here to measure reaction kinetics (500
mM Tris buffer, pH 8.5) differ from those used in previous studies of the wild-type enzyme,18 although the trend from FAc to ClAc is similar.

Table 2. Chemical Shift Perturbations and Line Widths of
the 19F NMR Peaks of One-Bound and Two-Bound States

W156

CIAc BrAc IAc Glycolate

CSP1 (Hz) 1060 952 731 1536
CSP2 (Hz) 908 NA 392 NA
Line Width 1 (Hz) 505 582 607 172
Line Width 2 (Hz) 264 NA 224 NA

W185

CIAc BrAc IAc Glycolate

CSP1 (Hz) 400 473 242 649
CSP2 (Hz) 298 NA 22 NA
Line Width 1 (Hz) 178 171 291 110
Line Width 2 (Hz) 124 NA 145 NA
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exchange, we nevertheless observe a strong overlap between
uniquely asymmetric regions of the dimer in the crystal
structure and regions exhibiting biphasic chemical shift
behavior in 15N,1H-HSQC spectra. Thus, while binding of
two substrate molecules to the same protomer restricts overall
dynamics, those regions exhibiting biphasic chemical shift
perturbations likely result from a unique allosteric response
(compared to that observed for single substrate binding).
Removal of the Allosteric Pocket via Deletion of a

Single Amino Group Decouples the Allosteric Response
to Substrate Binding in the Active Site Pocket. It is
constructive to consider the relative exchange dynamics that
arise in the dimer when the second site allosteric pocket is
removed via the K152I mutation. Figure 5 shows a series of 19F
NMR spectra of 5-fluorotryptophan enriched FAcD as a

function of substrate analogue (BrAc) concentration for both
the WT-enzyme and the K152I mutant. BrAc exhibits poor
solubility and as such, it is difficult to reach substrate
concentrations needed to ensure saturation of the second
binding site. We can nevertheless compare the extent of
protomer conformational exchange and dynamics via the 19F
NMR spectra and changes in line width as a function of
substrate analog. A comparison of WT-FAcD and K152I-FAcD
shows there is a far weaker response in the latter, suggesting
that the interprotomer conformational exchange is significantly
impaired by this single mutation. Interestingly, substrate-free
K152I-FAcD exhibits dynamics similar to those seen with WT-
FAcD upon the addition of an equimolar amount of substrate.
However, the addition of any amount of substrate analog to
K152I-FAcD was shown to impair dynamics resulting in

Figure 4. 19F NMR spectra of W156 upon titrating product (glycolate), a substrate analog (BrAc), and substrates (ClAc and IAc) with WT-FAcD.
Note that the arrows indicate the direction of the chemical shift associated with increasing ligand concentration. Shown below is an illustration of
increased dynamics upon first substrate binding, followed by a dampening of dynamics upon 2nd site binding in the IAc 19F NMR spectra. Blurred
regions point to areas of high disorder while the red overlays indicate regions where B-factors where formerly identified as anomalously high.
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signatures more characteristic of the substrate-free WT-FAcD.
Moreover, higher amounts of BrAc resulted in a narrowing of
resonances known to interface with the active site (W156 and
W185), indicative of less exchange dynamics. Thus, while
substrate binding to WT FAcD initiates an efficient allosteric
transmission between the protomers, removal of just one
amino group from the allosteric pocket results in significant
attenuation of allosteric transmission upon substrate binding.
Computational Rigidity Analysis Reveals That the

Second Substrate Binding Pocket Is an Allosteric Hub
for Communication between Protomers. While FAcD
operates via half-of-the-sites reactivity, the empty protomer
plays a role in facilitating dynamics, conformational exchange,
and catalysis. The pocket associated with second substrate
binding is interesting from the perspective that when occupied,

conformational dynamics and catalysis are simultaneously
impaired, yet at lower concentrations it appears to play a key
role in enhancing dynamics and catalysis. Moreover, the
nonlinear 15N,1H chemical shift perturbations also point to
extensive regions that are conformationally perturbed by
second site binding, implying that there is a pronounced
allosteric response associated with this site. Here, we make use
of rigidity-based allosteric transmission theory to evaluate the
consequences of constraining the dimer by a second substrate
with regard to interprotomer allosteric transmission. Using the
computational analysis previously detailed,17 the extent of
transmission of degrees of freedom (regions of flexibility or
rigidity) are measured from the active site (region highlighted
in green in Figure 6A) in a stepwise fashion across the entirety
of the empty protomer, applying a small window of three

Figure 5. 19F NMR spectra of 5-fluorotryptophan-enriched FAcD as a function of substrate analogue (BrAc) concentration. (A) 19F NMR spectra
of WT-FAcD as a function of BrAc concentration. (B) 19F NMR spectra of K152I-FAcD as a function of BrAc concentration. (C) Expanded view
of panel A showing change in resonances associated with W156 in the active site. (D) Expanded view of (B) showing change in resonances
associated with W156 in the active site. (E) An illustration of increased dynamics in the K152I-W156 19F NMR spectra. Addition of substrate to
the apo enzyme, K152I FAcD, attenuates interprotomer dynamics and shifts the conformational equilibrium to state similar to apo WT FacD.

Journal of the American Chemical Society Article

DOI: 10.1021/jacs.9b03703
J. Am. Chem. Soc. XXXX, XXX, XXX−XXX

H

http://dx.doi.org/10.1021/jacs.9b03703


residues (Figure 6A, Figure S9). This allows us to establish an
allosteric transmission intensity plot, which shows the
amplitude of allosteric crosstalk between the active site of
the substrate-bound protomer and the free protomer. The
intensity of transmission at each residue is mapped onto the
protein structure, which clearly reveals the dimer interface helix
α6 (residues 146−160) and residues in the vicinity (i.e.,
residues 135−165) are crucial for interprotomer allosteric
communication with the highest value occurring at I153
(Figure 6B). This region also contains residues associated with
halide binding (H155, W156), the allosteric pocket (Y141,
K152), and others which are adjacent to the dimer interface
region. The second highest transmission peaks occur around
residues 220−221, encompassing Y219 which is involved in
halide binding (Figure 6B). If this analysis of allosteric
transmission is repeated for the crystal structure in which two
substrates are bound, the intensity of transmission is clearly
reduced as shown in Figure 6B. In this case, general
transmission occurs with a lower energy cutoff, more
reminiscent of the apo- or product-bound states. The two
bound substrate molecules inhibit the enzyme’s ability to
transmit allosteric change since more energy is required to
transmit across the allosteric pathway. A reasonable explan-
ation for this finding is that the underlying hydrogen bond
network is stronger with the additional substrate tightening the
structure.
Figure 6C indicates regions of WT-FAcD that exhibit the

largest 15N,1H chemical shift perturbations upon titration of
substrate analog, BrAc. These regions most likely originate
from asymmetries induced in the Michaelis−Menten inter-
mediate, that are ultimately averaged through fast interpro-
tomer exchange. These same regions for the most part appear
to overlap with regions predicted to be involved in allosteric
transmission, highlighted in red in Figure 6A. The correlation

between the intensity of rigidity-based allosteric transmission
per residue and the residue-specific 15N,1H HSQC chemical
shift perturbations is shown in Figure 6D. We also find
residues in the empty protomer with very little transmission
(colored in blue in Figure 6A); for instance, residues 292−300
and 195−206 exhibit limited transmission, in agreement with
the lack of chemical shift perturbations seen in the 15N,1H
HSQC upon titrating with BrAc.

Second Substrate-Binding Pocket Facilitates an On-
Pathway Desolvation Step Prior to Substrate Binding in
the Active Site. The Y219F FAcD crystal structure in the
presence of a single substrate points to precise coordination of
both the fluorine atom and the acetate moiety via specific
hydrogen bonds (Figure 1). This begs the question as to how
the substrate is first desolvated. The crystal structure of the
enzyme with two substrates bound to one protomer also seems
to indicate two strikingly different environments in terms of
hydrophobicity. To examine the desolvation process, we first
evaluated the hydrogen bond potential of the fluorine atom in
organic solvent. The CH2F moiety in the substrate has been
previously suggested to serve as a stronger hydrogen bond
acceptor, when compared to either CHF2 or CF3 moieties.20

Titration of acetophenone, a strong hydrogen bond acceptor,
to fluoroacetate in CCl4 as shown in Figure 7A, reveals an
equilibrium shift associated with hydrogen bonded waters to
acetophenone at 0 °C. Note that anhydrous CCl4 can contain
up to 1.5 mM residual water.20 Here, the equilibrium
constantand thus, the free energyof hydrogen bonding
can be measured and therefore approximated at room
temperature where the enzyme kinetic measurements are
performed. In the enzyme allosteric pocket, we can rely on the
crystal structure associated with two bound substrates to assess
hydrogen bonding via a computational docking exercise. By
confining docking to the allosteric pocket, we were able to

Figure 6. Computational prediction of allosteric pathway using rigidity-based allostery transmission algorithm. (A) A color map, representing the
magnitude of allosteric transmission from the catalytic site of one protomer to specific regions in the empty protomer. (B) Magnitude of allosteric
transmission from the catalytic site of the substrate-bound protomer to specific residues in the empty protomer, predicted from the X-ray crystal
structure of the Y219F mutant with one substrate (blue) or two substrates (red) bound. (C) Chemical shift perturbations arising from binding of
two substrates mapped onto the crystal structure of the substrate-bound D110N mutant. (D) Correlation between the intensity of rigidity-based
allosteric transmission per residue with the corresponding 15N,1H HSQC chemical shift perturbations associated with substrate binding to the
D110N mutant.
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confirm the pose of the substrate, and at the same time identify
a hydrogen bond between the fluorine atom of the substrate
and the D134 side chain, as illustrated in Figure 7B. While the
average pKa of the aspartic acid side chain in folded proteins is
3.5,21 the pKa of D134 in the apo state of FAcD is estimated to
be 5.74 and 7.34 in the Michaelis−Menten intermediate.22

Thus, under physiological conditions, D134 would be expected
to transiently adopt a protonated state, thereby enabling
hydrogen bonding to FAc. Once the substrate is then
deposited in the active site, the aspartate would be effectively
primed to hydrogen bond to water, thereby contributing to the
desolvation process. Thus, binding to the allosteric pocket
likely involves a desolvation step which is key to priming the
substrate for release into the active site and triggering an
allosteric interprotomer response.

■ DISCUSSION

Half-of-the-Sites Reactivity. In this study, we have made
use of the Y219F mutant of FAcD which reduces the catalytic
rate to such an extent that reaction progress can be monitored
by freeze-quenching crystallography. At high substrate
concentrations a structure was identified in which two
substrate molecules occupied one protomer along a channel
connecting the protein surface to the active site, prompting us
to consider the question of inhibition in the dimer.
Interestingly, even under conditions where substrate concen-
tration is in great excess, only one protomer is involved in
substrate binding while the second remains empty, consistent
with half-of-the-sites reactivity. Binding of substrate to one of
the two protomers in the homodimer triggers an allosteric
response in which the regulatory cap domain of the empty
protomer is closed, blocking access of substrate. Prior X-ray
crystallography studies showed that the empty protomer

Figure 7. Hydrogen bonding to fluoroacetate in solution and desolvation of fluoroacetate in the allosteric pocket. (A) 19F NMR spectra of
fluoroacetate in anhydrous CCl4 as a function of increasing amounts of acetophenone. The binding isotherm, which is performed at 0 °C to
improve fidelity of detection of the hydrogen bonded complex, reveals a kAeq of 36.1 ± 6.0 mM and a corresponding free energy of 1.95 ± 0.33
kcal/mol. (B) Position of fluoroacetate in the allosteric pocket of FAcD, revealed by docking studies. The bound-state pose confirms the earlier
finding by X-ray crystallography and further identifies a hydrogen bond between D134 and the fluorine atom, suggesting that substrate binding to
the allosteric pocket results in desolvation of the CH2F moiety and primes the substrate for binding to the active site. The carboxylate of D134 was
predicted by PDB 2PQR (version 2.0)22 to have a pKa between 5.74 (apo) and 7.34 (one substrate bound). (C) Illustration of the free and
allosterically bound ligand depicting desolvation of the fluorine upon binding to the allosteric site.
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subsequently becomes more dynamic since B-factors in key
distal regions of the empty protomer are then increased while
∼30 bound water molecules in the same protomer are
simultaneously dislodged.17 While such a response would
have key entropic advantages in terms of spurring the forward
reaction, this also begs the question of the role of dynamics in
catalysis since motions of the empty protomer are in turn
allosterically linked to those of the substrate-bound protomer.
Indeed, prior 19F NMR Carr−Purcell−Meiboom−Gill
(CPMG) relaxation dispersion experiments identified a 750
Hz interprotomer conformational exchange process in the
apoenzyme, which increased in frequency by a factor of nearly
6 upon binding of substrate.17 Despite the increase in
interprotomer dynamics, and the increased disorder associated
with the empty protomer, the cap domain effectively excludes
substrate binding to the empty protomer. This can be seen by
examining the conformation of the cap domain in the freeze-
quenching series. Here, once a substrate is bound to one
protomer, a distinctly more closed state in the other, empty
protomer can be discerned. MD simulations also reveal a
pronounced attenuation in cap domain dynamics associated
with the empty protomer, upon binding of substrate.
Second Substrate Binding Restricts Protein Dynam-

ics. While substrate binding increases interprotomer dynamics
and disorder in the empty protomer, the addition of a second
substrate to the same protomer has the opposite effect. X-ray
crystallography reveals that binding of the second substrate
results in unique structural changes in the cap domain and in
the vicinity of helix 6 (i.e., residues 250−260 and 146−160)
which become more defined in terms of electron density. B-
factor distributions obtained from the series of Y219F soaked
structures show reduction in local dynamics, in comparison to
the B-factor distributions seen previously with the D110N
mutant (Michaelis−Menten intermediate), where only one
substrate is bound. The additional steric constraints imposed
by binding of the second substrate also clearly influence overall
dynamics. These results are echoed by 19F NMR. As shown in
Figure 4, we observe a prominent downfield 19F NMR
resonance associated with W156 upon saturation of the active
site with substrate (ClAc or IAc). In this case, we make use of
WT-FAcD, where the catalytic rate is sufficiently slow for the
above substrates, that spectral responses can be recorded
without extensive accumulation of halide product. The
downfield shift seen in Figure 4 is also accompanied by
significant line broadening which can be attributed to
interprotomer exchange, and can be observed in 19F NMR
CPMG relaxation dispersions.17 As additional substrate is
added at a point where we expect second substrate binding to
occur, the downfield chemical shift trend now reverses
direction and the exchange-broadening decreases, indicating
an attenuation of conformational exchange dynamics.
Binding of the Second Substrate Molecule Results in

Allosteric Inhibition. On the basis of the crystal structure of
the Y219F mutant showing two bound substrates, we propose
that binding by a second substrate at an allosteric site gives rise
to a ternary complex that is still able to undergo catalysis, albeit
with a reduced rate constant, k4. We can therefore describe the
following sequential ordered reaction diagram7

In this case, the observed initial reaction rate, V, is given by7
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where [E0] represents the total enzyme concentration, S·E
signifies an allosteric complex in which the substrate is not in
the active site pocket, E·S is the Michaelis intermediate, k2 and
k4 are the product rate constants, Km is the Michaelis constant,
and Ki (=1/KN) is the inhibition equilibrium constant. As
discussed below, we hypothesize that the allosteric pocket
serves as an on-pathway desolvation site and only gives rise to
inhibition at very high substrate concentrations. Effectively, S·E
may also be established from E, whereupon E·S is established
after desolvation or the substrate disengages from the enzyme
giving E+S. In the current scenario, we might expect that some
of the observed inhibition may arise simply from a reduced rate
of escape of product from the active site due to obstruction by
substrate in the channel. However, 19F NMR measurements of
FAc binding to the H280N construct in which the active site is
permanently occupied by a covalent intermediate reveal that
the dissociation constant, kd2, for second site binding is on the
order of 2.2 ± 0.83 mM. The expected off rate would therefore
be orders of magnitude faster than the catalytic rate, which for
Y219F is on the order of min−1. This leaves us with the
possibility that inhibition is established exclusively by an
allosteric response to second substrate binding involving both
conformational and dynamic changes. Note that unlike
enzymes such as phosphofructokinase and acetylcholinesterase,
which become completely inhibited at high substrate
concentrations,23,24 the rate curve for FAcD does not drop
to zero over the range of substrate concentrations explored.
The high off rate of the second substrate may well be a
contributing factor to the observed weak inhibition since the
catalytic rate would then recover during periods where there is
only E·S present.
Prior studies revealed that the empty protomer is a crucial

part of the enzyme’s catalytic machinery as it helps to
compensate the entropic loss experienced by the first protomer
due to substrate binding andvia interprotomer interac-
tionsaids in the sampling of subsequent functional states
needed to facilitate catalysis. In this study, we observe that
stiffening by second substrate binding and the consequent
attenuation of dynamics and interprotomer allostery, give rise
to reduced catalysis and thus, substrate inhibition. Computa-
tional analysis of the Y219F FAcD mutant indicates an
allosteric pathway, shown in Figure 6A, which runs through
residues 124−165 and encompasses the allosteric pocket. The
additional structural constraints and hydrogen bonds imposed
by second site binding clearly raise the energy requirements for
transmission of degrees of freedom and interprotomer
allostery, compounding the inhibitory effect as shown in
Figure 6B. Even small changes to the number of hydrogen
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bonds can have large effects on the energy requirements for
transmission in FAcD. Note that the effect of the K152I
mutation results in increased conformational exchange
associated with the substrate-free protein, as judged by 19F
NMR (Figure 5C,D). However, addition of substrate greatly
attenuates this exchange process resulting in a more inactive-
like signature for both W156 and W185 which are in the active
site. This notion of “stiffening” of the K152I enzyme upon
addition of substrate is supported by predictions for the
intensity of allosteric transmission (Figure 6B).
Remarkably, the above results show that removal of binding

to the second pocket via the K152I mutation results in a
situation where active-like signatures in the catalytic pocket are
more readily sampled in the absence of substrate while inactive
signatures in the catalytic pocket arise upon addition of
substrate. This speaks to the role of this distal lysine (K152) as
an allosteric conduit and more generally of the exquisite intra-
and interprotomer allosteric networks within the enzyme
which facilitate sampling of key functional states and catalysis.
Role of the Allosteric Pocket in Catalysis. Substrate

inhibition is a phenomenon observed in many enzymes
through a broad range of mechanisms.7,23,25,26 Here we show
for a homodimeric enzyme which acts through half-of-the-sites
reactivity that catalysis is slowed upon second-site binding due
primarily to restricted allosteric communication between
protomers. This was quantified by rigidity theory which
identified Y141 and K152 as key interprotomer allosteric hubs
while also serving to bind a second substrate. Strikingly,
mutation of one such residue (K152I) resulted in not only the
absence of second site binding and any inhibitory effects but
also a drop in Vmax by over an order of magnitude. This
suggests that the allosteric pocket may also play a role in
enhancing catalysis under lower substrate concentrations,
where only one substrate is anticipated to be involved in
catalysis. 19F NMR of fluoroacetate identified a strong
hydrogen bond to the fluorine atom in organic solvent with
low concentrations of residual water. Water should serve as an
equally acceptable hydrogen bond donor under the aqueous
conditions of enzyme action. However, docking studies suggest
that FAc is desolvated in the allosteric pocket, which would
then result in a more efficient transfer to the active site. Thus,
the reduction in catalysis seen in the K152I mutant at low
concentrations likely impairs substrate binding to the outer
pocket and thus the desolvation step necessary for establishing
the Michaelis−Menten intermediate and catalysis. Most
importantly, upon transferring the substrate from the allosteric
pocket to the active site, K152 and residues in its vicinity are
predicted to play a key role in interprotomer allosteric
transmission and dynamics.
Connection between Interprotomer Dynamics and

Catalysis. 19F NMR chemical shifts and the corresponding
line widths are excellent reporters of the complex conforma-
tional equilibrium associated with FAcD and the changes
which ensue upon binding of substrate or substrate analog.
Briefly, the subtle asymmetries associated with side chain
conformers of all nine tryptophan side chains in the
apoenzyme, previously detected by X-ray crystallography, are
completely averaged through millisecond time scale exchange.
However, 19F NMR CPMG measurements permit the study of
this interprotomer exchange process. Our main conclusions
from 19F NMR may be thus far summarized as follows: (1)
W156 appears to adopt at least 3 conformations (−120,
−118.4, −117.3 ppm), with the caveat that this is averaged

between two protomers in fast exchange. (2) Under apo-
conditions W156 adopts a single state, which alone represents
an average between two protomer conformers. Addition of
substrate analog BrAc shifts the equilibrium toward a
Michaelis−Menten intermediate (−118.4 ppm) though with
significant broadening due only in part to the low affinity of the
substrate analog. However, a significant excess of BrAc would
normally be expected to reverse the effects of exchange of the
BrAc substrate and shift the equilibrium to the Michaelis−
Menten intermediate. Thus, the line broadening we see at
saturating concentrations must be due to protein dynamics
established in the Michaelis−Menten intermediate. In contrast,
glycolate, which has a similar affinity to the protein as BrAc,
results in exchange broadening until saturating concentrations
are reached, whereupon the product-bound conformer is
established. (3) The addition of substrates results in a similar
broad peak as that of substrate analog, suggesting that the
substrate and substrate analog both initiate significant side
chain and protein dynamics at saturating concentrations. As
substrate is added, the bound protomer adopts a conformation
associated with the Michaelis−Menten intermediate, although
interprotomer exchange is shown to increase substantially.
However, the distinguishing feature of the substrates is that
gross excess of substratewhere we observe substrate
inhibition and simultaneous binding by two substrates
actually reduces side chain dynamics and shifts the equilibrium
toward that of the substrate-free conformer.
By examining side chain orientations of W156 in the

substrate-free FacD crystal structure, we note that one of the
two protomers is primed for substrate binding. The crystal
structure of the Michaelis−Menten intermediate shows that
W156 in the empty protomer is close in orientation to that of
the covalent intermediate suggesting that through protomer
exchange, the covalent intermediate conformation is sampled
in the active site (bound protomer). If we compare line
broadening of W156 and W185 with catalytic rate measure-
ments of ClAc, we note that there is a direct correspondence
between line width and the catalytic rate. Taken together, the
19F NMR data and crystallography reveal a range of distinct
functional states and interprotomer exchange which facilitates
exchange between functional states at the active site of the
bound protomer. Dynamics play a role at every step along the
reaction pathway: (1) fast dynamics likely occur in the empty
protomer to compensate entropically for substrate binding, (2)
cooperative dynamics connect functional states, and (3)
regulatory cap dynamics preserve half-of-the-sites reactivity.

■ CONCLUSIONS AND FINAL REMARKS
In this study, we explore the mechanistic facets of substrate
inhibition and interprotomer allostery associated with a
homodimeric enzyme that undergoes half-of-the-sites reac-
tivity. At very high substrate concentrations, a second substrate
binds along the channel leading to the active site in the
substrate-bound protomer. Spectroscopic analysis shows a
decrease in the catalytic activity of the enzyme in the presence
of high concentrations of substrate which coincides with a
reduction in interprotomer dynamics. Rigidity-based allosteric
transmission analysis points to an allosteric network, which
aligns well with regions of NH-HSQC spectra exhibiting
chemical shift changes through the addition of substrate.
Binding of substrate to the active site is shown by rigidity
analysis to enhance allosteric transmission and thus dynamics,
while triggering the closing of a regulatory cap region in the
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empty protomer. Addition of a second substrate is shown by
19F NMR and rigidity analysis to dampen these dynamics.
Finally, analysis of enzyme kinetics in the K152I mutant, which
prevents second site binding and substrate inhibition, shows a
dramatic loss in the maximum catalytic rate. We therefore
surmise that the allosteric substrate-binding pocket is crucial to
catalysis at lower substrate concentrations, where only a single
substrate engages the enzyme at one time. Our studies suggest
that while the fluorine atom is stabilized by waters of hydration
in the bulk phase, binding to the allosteric pocket serves to
desolvate the substrate, whereupon it is deposited in the active
site. As the allosteric pocket then passes off substrate to the
active site it resumes its role as an allosteric hub in activating
interprotomer dynamics and, consequently, catalysis. Thus, the
“allosteric pocket” is likely an on-pathway desolvation site and
only gives rise to inhibition at very high substrate
concentrations. We note that this interprotomer allosteric
conduit is only fully established once the desolvated substrate
is positioned in the active site and the allosteric pocket is
empty. The majority of enzymes are oligomeric. Indeed, 20%
of all homodimers act through half-of-sites reactivity, which
connects with the general idea of interprotomer allos-
tery.12,27−29 In many cases, half-of-sites reactivity is a
convenient mechanism through which the active site alternates
from one protomer to the other and in so doing, synchronizes
the progression of multistep chemical events.13,14,16 In this
study, we can now appreciate a role for the empty protomer in
catalysis and in the allosteric response that is exquisitely
triggered by substrate binding.

■ METHODS
Expression and Purification of FAcD. FAcD from Rhodop-

seudomonas palustris was expressed in Escherichia coli BL21(DE3) cells
and purified as published elsewhere.17,30 For NMR experiments, cells
were grown at 37 °C and induced with 1 mM isopropyl β-D-1-
thiogalactopyranoside (IPTG) at an OD600 of 1.0−1.2 and left to
express overnight. Typically, 1 g glyphosate per liter of M9 media was
added to halt aromatic synthesis. Thirty minutes later, IPTG (0.24 g),
tyrosine (0.075 g), 5-fluoro DL tryptophan (0.070 g), and
phenylalanine (0.075 g) were added to the media. E. coli cells were
pelleted and cell-free lysate was extracted via sonication. The lysate
was loaded onto a Ni-affinity column, washed with 50 mM Tris−
H2SO4 pH 8.5, 500 mM NaCl, 5% glycerol, 30 mM imidazole and
eluted with the same buffer but with the concentration of imidazole
increased to 300 mM. Cleavage of the His6-tag was performed at
room temperature overnight using TEV protease. FAcD was further
purified by size exclusion chromatography (S200 16/60 HiTrap
column) using 50 mM Tris−H2SO4, pH 8.5, 150 mM NaCl as a
buffer. For storage, purified FAcD was buffer-exchanged into 50 mM
Tris−H2SO4, pH 8.5 for several rounds to remove any remaining
NaCl and then flash-frozen in liquid nitrogen.
Crystallization of FAcD. Single crystals of apo-FAcD were grown

in a vapor diffusion hanging-drop set up using a 1:1 (v:v) ratio of 0.5
mM FAcD solution and a reservoir solution of 18−20% PEG3350,
200 mM CaCl2, and 100 mM Tris−HCl pH 8.5. Crystals ranging
from ∼200 to 500 μm in length grew after 3−5 days. To collect
diffraction data for the FAc and the ClAc complexes of Y219F FAcD,
crystals were soaked in artificial mother liquor in the presence of 100
mM either fluoroacetate or chloroacetate for 2 h. As FAcD crystals are
catalytically active, the glycolate-complex of the Y219F mutant was
obtained by soaking the crystals in mother liquor containing100 mM
FAc or ClAc and leaving them to incubate for a minimum of 24 h
prior to data collection.
Diffraction Data Collection. Data collection was performed at

100 K either on a Rigaku FR-E rotating anode with mirror optics and
Saturn A200 detector or on a Rigaku 007 rotating copper anode with

mirror optics and a Mar345 detector. Crystals were flash-frozen in
liquid nitrogen using paratone N (Hampton Research, Aliso Viejo,
CA, USA) as a cryo-protectant.

X-ray Data Processing and Refinement. Diffraction data were
indexed, integrated, and scaled using the software package XDS.31

Phases were calculated using the molecular replacement module of
the Phaser package32 with wild-type FAcD (PDB ID: 3R3U) as a
search model. Model building and the first rounds of refinement were
performed using Wincoot.33 Automatically picked water molecules
were kept for further refinement when they were within 2.3−3.5 Å of
a hydrogen acceptor or donor and the corresponding electron density
was at least 1.5 e/Å3. Subsequent rounds of refinement used option
Phenix.refine from the Phenix software suite.34 Details of the
crystallographic statistics and structure refinement parameters are
provided in Table S1.

NMR Spectroscopy. Enzyme kinetic data were collected by
acquiring either 19F or 1H NMR spectra for “real time” quantification
of substrate (i.e., FAc or ClAc, respectively) and product (fluoride ion
or glycolate) concentrations as a function of time at 25 °C. For kinetic
analysis, protein concentrations were typically 75 μM using 500 mM
Tris−H2SO4, pH 8.5 as a buffer. At these concentrations, only 16
scans were needed, encompassing 32 s per time point. The collected
NMR spectra were analyzed with MestReNova (Mestrelab Research
S.L., 11.0.4) and the enzyme kinetic data were fitted with a substrate
inhibition model using Prism 6 (GraphPad Software).

19F NMR spectra of 5-fluorotryptophan-enriched FAcD were
acquired with 1600 transients and a spectral width of 22 000 Hz. The
19F NMR spectra were processed and analyzed with MestReNova.
15N,1H HSQC spectra were typically acquired using 80 increments, 25
transients, and a spectral width of 2340 Hz in the indirect dimension.
The HSQC spectra were processed with NMRPipe and NMRviewJ
software. All NMR spectra were obtained on a 600 MHz Varian Inova
spectrometer (Agilent technologies, Santa Clara, USA) equipped with
a cryogenic probe capable of tuning to HCN or 19F. 1H, 15N, and 19F
π/2 pulse widths were 10.8, 44, and 15 μs.

Enzyme binding isotherms were obtained by acquiring a series of
19F NMR spectra as a function of fluoroacetate concentration, in the
presence of enzyme. Protein concentrations were 100−300 μM using
500 mM Tris−H2SO4, pH 8.5 as a buffer. 512 scans were performed
for each titration point at 30 °C. Sodium fluoride was used as an
external standard in D2O for referencing the chemical shift changes.
The collected NMR spectra were analyzed with MestReNova
(Mestrelab Research S.L., 11.0.4) and the enzyme binding curves
were fitted with a two-site binding model using Prism 6 (GraphPad
Software) to obtain a dissociation constant. H280N-FAcD was first
saturated with excess ClAc overnight at room temperature to ensure
all active sites were covalently occupied. Subsequent dialysis was
performed to expel free Cl− and unreacted ClAc before binding
experiments were conducted with FAc.

Fluoroacetate hydrogen bonding was studied by monitoring the 19F
NMR chemical shift of FAc as a function of the concentration of the
hydrogen bond acceptor, acetophenone, in CCl4, using an external
reference (trifluoro-toluene). CCl4 contains trace amounts of H2O
which would serve as the hydrogen bond donor and acetophenone
would then compete with −CH2F for these waters of hydration.
Acetophenone was titrated (into 5 mM FAc) from 25 to 400 mM.
The change in the chemical shift of FAc in reference to trifluoro-
toluene was plotted against increasing concentration of acetophenone,
as described elsewhere.20,35

Molecular Dynamics Methods. Molecular models for simu-
lations were constructed using the substrate-bound Y219F structure
of FAcD (PDB: 6QKW). Missing residues were modeled at the N-
terminus of chain C, and the Y219F mutation was reverted to obtain a
dimer of the full-length wild-type sequence (numbered as residues −1
to 300).36 All titratable residues and termini were in the standard
protonation state for simulations at pH 7. Bound FAc substrate,
chloride ion, and water molecules were preserved in their crystallo-
graphic position in all molecular models. Four systems were
constructed with increasing concentrations of FAc in solution,
resulting in simulation cells with 2, 14, 50, and 100 FAc molecules
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(including the FAcD bound substrate). The final rhombic
dodecahedron simulation cell consisted of the protein dimer,
∼28 000 water molecules, 136 Na+, and the required number of
Cl− to neutralize the system cell. The protein was modeled with the
amber99sb-ildn force field37 with TIP3P38 water. AMBER compatible
parameters for fluoroacetate were generated using the acpype/
Antechamber39,40 parametrization protocol resulting in the following
partial charges; CT 0.116700, C 0.877602, O2−0.835501, F
−0.304700, H1 −0.009300.
All minimization, equilibration, and production simulations were

conducted using GROMACS 4.6.541 where all molecular dynamics
was performed with a time step of 2 fs. Each system was subjected to
2000 steps of steepest descent energy minimization to remove
unfavorable energy contacts. Equilibration was performed in two
successive blocks of simulation length 5 ns in the NVT and NPT
statistical ensembles, where protein and FAc heavy-atoms were
restrained with a force constant of 1000 and 500 kJ mol−1 nm−1,
respectively. For production simulations, five separate simulation
repeats were constructed for the “2 FAc” system, and ten separate
simulation repeats were constructed for all other systems (“14 FAc”,
“50 FAc”, and “100 FAc”), with randomized initial velocities of all
atoms at a temperature of 300 K. The position of FAc in solution was
also randomized for each simulation repeat. These simulations were
performed in the NPT ensemble at a temperature of 300 K with the
Nose−́Hoover thermostat42,43 (collision frequency of 0.5 ps−1) and at
a pressure of 1 atm using the Parrinello−Rahman barostat44 (coupling
constant of 2 ps). Lennard-Jones interactions were evaluated using a
group-based cutoff for separation distances of 1.2 nm. Coulomb
interactions were calculated using the smooth particle-mesh Ewald
method45,46 with a real-space cutoff of 1.2 nm and a Fourier grid
spacing of 0.16 nm. The nonbonded pair-list was updated every 10 fs.
All covalent bonds were constrained with SETTLE47 and P-LINCS48

for water and other molecules, respectively. Each simulation repeat
was run for 1000 ns, for an aggregate total of 35 μs. All production
data before 50 ns were discarded from each replica to account for
equilibration.
For data analysis, all dimers were separated into monomers and

data for all monomer occupancy states were pooled together and
subsampled at a time interval of 1 ns. Monomer binding site
occupancy was determined by computing the average distance of each
FAc molecule C atom to the C-α atom of several amino acids that line
the binding pocket (defined as residues 114, 110, 135, 136, 141, and
156). Active site occupancy was defined with an average distance
below the cutoff of 1.2 nm, defined on the basis of the first minima in
the radial distribution function. For the computation of root-mean-
square fluctuations and root-mean-square deviations, monomers were
first aligned to a reference structure determined from X-ray
crystallography using all C-α atoms greater than residue 7.
Fluctuations were measured after aligning the structure to the
unoccupied monomer from the original structural model (originally
derived from the Y219F structure). Subsequent root-mean-square
deviation calculations were made with respect to the unoccupied
monomer as well as the “two substrate”-bound monomer using all C-
alpha atoms of the cap domain (residues 250 to 259). Analysis was
performed using MDTraj49 and all molecular renderings of crystallo-
graphic structures and MD snapshots in Figure 2 were generated
using VMD.50 The molecular rendering in panel 2A was generated
using the crystal structure of D110N/FAc cocrystal structure (PDB:
5SWN) where a single missing residue in the cap domain (chain A,
A257) was modeled, energy minimized, and briefly simulated using
the protein preparation protocol in the Schrödinger Maestro 11.6.013
software.51,52

Computational Prediction of Allosteric Pathways. Rigidity-
Based Allosteric Communication. To quantify the allosteric effect
and map out the allosteric pathway between the substrate binding
region in one protomer and the other protomer, we applied a rigidity-
transmission allostery (RTA) algorithm. This computational method
was introduced in 201253 and is based upon rigidity theory54,55 and
utilizes extensions of the program FIRST.56−58 The RTA algorithm
measures the effect of local mechanical propagation of rigidity across

(distant) parts of the protein structure.17 In this work, we analyzed
how the perturbation of rigidity of the catalytic site is transmitted to
the second protomer both in the presence and absence of a critical
mutation (K152I) lying in the allosteric pocket.

Starting with an X-ray crystal structure, FIRST generates a
constraint network, where the protein is modeled in terms of nodes
(atoms) and edges (i.e., constraints representing covalent bonds,
hydrogen bonds, electrostatic interactions, and hydrophobic con-
tacts). Hydrogen bonds are ranked in terms of overall strength using
the modified Mayo potential,57 whereupon a hydrogen bond cutoff
energy value is selected such that all bonds weaker than this cutoff are
ignored. FIRST applies the pebble game algorithm,56 which rapidly
decomposes a resulting network into rigid clusters and flexible
regions, enabling an evaluation of nontrivial degrees of freedom
(DOF) throughout the protein. After generating outputs of the pebble
game algorithm (FIRST) at a wide range of energy cutoffs, we applied
the RTA algorithm to predict if local perturbation of rigidity at one
catalytic site (mimicking ligand/substrate binding) propagates across
the protein network and leads to a change in rigidity and the number
of conformational degrees of freedom in the regions of the other
protomer, hence resulting in allosteric transmission. Equivalently, the
presence of rigidity-based allostery means that a change in shape
(conformation) at the catalytic site (i.e., mechanically changing the
shape as binding might) would lead to rearrangement and change of
the shape in parts of the other protomer. Utilizing the RTA algorithm,
prediction of allosteric response for each residue in the empty
protomer is calculated following rigidity perturbation of the catalytic
site, enabling us to obtain a detailed map of the allosteric network
between the two protomers.

We used FIRST and the pebble game algorithm to compute
conformational degrees of freedom for all small windows consisting of
three consecutive residues in the empty protomer, before and after a
perturbation of rigidity of the catalytic site. The residues in the empty
monomer that undergo a change in internal degrees of freedom (i.e.,
propagation of rigidity-transmission of degrees of freedom) upon
rigidity perturbation of the catalytic site form the allosteric pathway
connecting the two protomers. Residues in Figure 6A are color-coded
based on the amount of transmission of degrees of freedom.

Computation of Rigidity-Transmission Allostery (RTA). Missing
hydrogen atoms were added to crystal structures with the WHAT IF
web server (http://swift.cmbi.ru.nl/servers/html/htopo.html). For
every hydrogen bond energy cutoff, starting at 0 kcal/mol (the cutoff
is lowered in increments of 0.01 kcal/mol), the FIRST method (as
previously described) was performed to generate the output of rigidity
prediction and the pebble game algorithm.

We compute the number of degrees of freedom that can be
transmitted (removed) from a window of 3 consecutive residues (r, r
+ 2) in the empty monomer as a result of perturbation of the rigidity
of the substrate-binding region (residues 110, 111, 114, 141, 155, 156,
185, and 219). Starting at the N-terminal end of the empty protomer,
beginning with window (1, 3), then (2,4), etc., continuing to slide the
window of 3 consecutive residues, we computed the transmission of
degrees of freedom for every window. Initial perturbation of rigidity
refers to insertion of additional constraints (edges) (removal of
degrees of freedom) to the substrate-binding region up to its
rigidification. When transmission of degrees of freedom occurs, it
refers to any subsequent change in the number of degrees of freedom
at the (distant) window in the empty protomer.

Transmission of degrees of freedom between the two sites was
computed with the aid of the pebble game. Let the substrate binding
region be denoted as site A and the current tested window as site B,
and for every energy cutoff we calculate the available conformational
degrees of freedom at site A, site B and the union of sites A and B.
Using the output of the pebble game (FIRST), degrees of freedom
counts were computed by calculating the maximum number of
pebbles that could be gathered on nodes (atoms) belonging to site A,
site B and finally the union of sites A and B. Given some fixed energy
cutoff, we denoted these counts as ADOF, BDOF, and ABDOF,
respectively. In the pebble game algorithm, each pebble corresponds
to a degree of freedom. The maximum number of degrees of freedom
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that can be transmitted from A to B (denoted as DOF_AB) was
finally calculated by obtaining the count DOF_AB = ADOF + BDOF −
ABDOF − 6. Six was subtracted to neglect the trivial six degrees of
freedom corresponding to rigid body motions. When DOF_AB was
positive, then sites A and B were involved in rigidity-based allosteric
transmission and the maximum number of degrees of freedom that
can be transmitted from A to B is DOF_AB. This provided a
quantifiable measure of allosteric communication between A and B.
To observe allosteric transmission for some residue r, a transmission
of degrees of freedom curve was generated by plotting the averaged
DOF_AB for three consecutive windows containing r (i.e., (r − 2, r),
(r − 1, r + 1) and (r, r + 2)) as a function of the energy cutoff. We
calculated the intensity of allosteric transmission for each window of 3
consecutive residues by computing the area under the transmission of
degrees of freedom curve. The intensity of allosteric transmission for
residue r was obtained by calculating the average intensity of the three
consecutive windows that contain the residue r (Figure 6A,B). The
intensity of allosteric transmission took into account the number of
degrees of freedom that can be transmitted but also the persistence of
the transmission as a function of energy strength.
Docking Studies. All described in silico experiments were

performed on the Schrödinger Maestro 11.6.013 software using
Glide within the Small-Molecule Drug Discovery Suite 2018-4
(Schrödinger, LLC, New York, NY,2018).51,52 These studies required
the following programs within the above suite: Epik, Optimized
Potentials for Liquid Simulations 3e (OPLS3e) force-field, Glide,
LigPrep, and the Protein Preparation Wizard. Other softwares used
include ChemDraw Professional 17.1. All ligand poses and protein
structure images were generated with Maestro 11.6. The chemical
structure of fluoroacetate was drawn into Maestro 11.6.013 before
undergoing a ligand preparation workflow (LigPrep, Schrödinger,
LLC, New York, NY, 2018) using the OPLS3eforce-field. This
involved ionization using Epik to generate possible protonation states
at target pH 7.0 ± 2.0, desalting and generating tautomers (if
applicable). The compound was then energetically minimized and the
resulting 3-dimensional structure used to specify chiral centers. The
prepared fluoroacetate small molecule was screened against FAcD,
within a 10 × 10 × 10 Å cube using the Standard Precision (SP)
docking workflow. The top 30 binding poses were generated and
ranked as a function of docking score (kcal mol−1).
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